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Abstract Understanding methane emissions from natural
sources is becoming increasingly important with future cli-
mactic uncertainty. Wetlands are the single largest natural
source of methane; however, little attention has been given
to how biota and interactions between aboveground and be-
lowground communities may affect methane emission rates in
these systems. To investigate the effects of vegetative distur-
bance and belowground biogeochemical alterations induced
by biota on methane emissions in situ, we manipulated densi-
ties of Littoraria irrorata (marsh periwinkle snails) and
Geukensia granosissima (gulf ribbed mussels) inside fenced
enclosures within a Spartina alterniflora salt marsh and mea-
sured methane emissions and sediment extracellular enzyme
activity (phosphatase, 3-glucosidase, cellobiohydrolase, N-
acetyl-3-D-glucosaminidase, peroxidase, and phenol oxidase)
over the course of a year. Changes in snail density did not have
an effect on methane emission; however, increased densities
of ribbed mussels significantly increased the emission of
methane. Sediment extracellular enzyme activities for phos-
phatase, cellobiohydrolase, N-acetyl-3-D-glucosaminidase,
and phenol oxidase were correlated to methane emission,
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and none of the enzymes assayed were affected by the snail
and mussel density treatments. While methane emissions from
salt marsh ecosystems are lower than those from freshwater
systems, the high degree of variability in emission rates and
the potential for interactions with naturally occurring biota
that increase emissions warrant further investigations into salt
marsh methane dynamics.

Keywords Ribbed mussels - Methane - Salt marsh -
Extracellular enzymes

Introduction

Globally, annual wetland methane (CH,4) emissions ranged
from 209 to 245 Tg CH,4 year ' between 1901 and 2012,
and wetlands are considered the single largest source of CHy
(Walter et al. 2001). CHy is the second most abundant non-
carbon dioxide (CO,) greenhouse gas in the atmosphere
(Montzka et al. 2011) and has contributed 25 % of the total
climate forcing over the past 250 years (Shindell et al. 2009).
The warming potential of CHy is 28 times that of CO, (Myhre
et al. 2013), and CH,4 levels in the atmosphere have exhibited
a persistent increasing trend since 1750, with levels reaching
1803 ppb in 2011 (Ciais et al. 2013). There is a large amount
of interannual variability in global emissions with an estimat-
ed 50-70 % of the global interannual variability attributed to
wetland CH4 emissions (Bousquet et al. 2006; Chen and Prinn
2006); therefore, changes in CH,4 emission rates from wet-
lands are important to understand in terms of accounting for
this interannual variability and modeling global climate
change.

In salt marsh sediments, high amounts of sulfate available
for sulfate-reducing bacteria in anoxic sediments present di-
rect competition to CHy4-generating microorganisms or
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methanogens. Consequently, CH, emissions from salt
marshes are typically much lower than from a freshwater wet-
land (DeLaune et al. 1983), though the degree to which CH,
emissions are altered by salinity varies with salt concentration
(Poffenbarger et al. 2011). Other major controls over methane
emissions in marshes are temperature (King and Wiebe 1978;
Bartlett et al. 1985), inundation (Harriss et al. 1982; Moore
et al. 1990), net ecosystem production (Whiting and Chanton
1993), and the presence and species of plant (Bergstrom et al.
2007; Kao-Kniffin et al. 2010), though CH,4 emissions from
wetlands can only partially be explained by correlations with
environmental variables (Hogan 1993; Kettunen et al. 1996;
Bousquet et al. 2006).

Benthic macrofauna living in or on the surface of marsh
sediments can significantly alter many marsh processes, con-
tributing to the physical structure of the marsh, influencing the
biogeochemistry of the sediment through carbon inputs, oxy-
genating the sediment, inducing alterations in the nitrogen
cycle (Jones et al. 1994; Kristensen and Kostka 2005;
Laverock et al. 2011), and influencing plant production
(Bertness 1984b). Salt marshes of the gulf and Atlantic coasts
of the USA harbor large populations of bivalves (Honig et al.
2014) and aboveground mollusks (Silliman and Zieman 2001)
that have the potential to alter biogeochemical conditions ei-
ther directly or through a plant intermediary, and thus CHy
emissions.

The salt marsh bivalve Geukensia granosissima (gulf
ribbed mussel) inhabits the sediment and anchors to nearby
hard substrata or marsh vegetation with strong bissal thread
attachments (Franz 1997). These organisms are filter feeders
that deposit nutrient-rich feces and pseudofeces into the sedi-
ment which could potentially create microniches in which
unique microbial communities develop (Fenchel 1996;
Kristensen and Kostka 2005). The rapid development of these
communities in and around the nutrient-rich substrate provid-
ed by the mussels could influence ecosystem-scale biogeo-
chemical cycling (Mermillod-Blondin and Rosenberg 2006;
Laverock et al. 2011; Xu et al. 2014) and may influence the
emission of CH, from sediments (Bonaglia et al. 2014).
Alternatively, mussels could influence the production of
CH, indirectly through alterations in sulfate and sulfide
(Dahlback and Gunnarsson 1981; Kraus and Doeller 2004).
Microbial symbionts living in the guts of benthic macrofauna
(Harris 1993; Stief and Eller 2006) could be responsible for
altering local-scale CH, emissions, as has been shown for
other invertebrates (Brauman et al. 1992). It is also possible
that biofilms growing on the exterior of invertebrate shells,
which have been shown to increase nitrous oxide production
(Stief et al. 2009; Heisterkamp et al. 2010; Welsh et al. 2015),
are involved in methane production or consumption.

Aboveground mollusks, such as the marsh periwinkle
(Littoraria irrorata), also have the potential to alter CH, emis-
sions due to their feeding behavior on the stems of plants,
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which creates small wounds, or radulations, along the stems
of Spartina alterniflora (Silliman and Zieman 2001), the dom-
inant plant species in many gulf and Atlantic salt marshes. Up
to 90 % of total CH,4 emissions from vegetated wetlands may
result from emergent aquatic vegetative transport (Sebacher
et al. 1985; Van der Nat and Middelburg 1998; Bergstrom
et al. 2007), and this snail’s feeding behavior could alter gas
exchange between the plant stems and roots and the amount of
CH, actively reaching the atmosphere through the stems of
plants, as has been shown for other types of herbivory
(Bodelier et al. 2006; Dingemans et al. 2011; Petruzzella
et al. 2015). As this species of snail is thought to exert top-
down control over S. alterniflora production (Silliman and
Zieman 2001), given the effects of plants on CH4 emission
and the relationship with CH4 and net ecosystem production
(Whiting and Chanton 1993), L. irrorata may be influencing
CH, indirectly via effects on S. alterniflora.

In S. alterniflora marshes of coastal southeastern
Louisiana, L. irrorata and G. granosissima are abundant, but
their impact in terms of altered CH, fluxes from these marshes
is unknown. In this study, we conducted a year-long field
experiment to elucidate the potential effects of L. irrorata
and G. granosissima on CH4 emissions and microbial com-
munity function via six extracellular enzymes involved in the
microbial acquisition of C, P, and N (3-glucosidase, phospha-
tase, N-acetyl-f-D-glucosaminidase, cellobiohydrolase, phe-
nol oxidase, and peroxidase) in a S. alterniflora marsh in
southeastern Louisiana by field density manipulations of
L. irrorata and G. granosissima within fenced enclosures.

Methods
Sites and Experimental Design

The study took place in a microtidal salt marsh (<15 ppt)
dominated by S. alterniflora near Cocodrie, LA (29° 13’
35.85" N, 90° 40’ 49.03” W) in the northern Gulf of
Mexico. Three field sites were established approximately
150 m apart, each containing six plots. Ambient densities of
L. irrorata and G. granosissima were counted in the area of
each site by tossing a 1-m? PVC quadrat into the marsh 65
times to determine baseline densities in the area. L. irrorata
was determined to have a mean (+SE) density of 80 + 4.2
snails m 2, and G. granosissima density was 12 + 1.5
mussels m 2. Eighteen 0.25-m? enclosures were built prior
to placing in the field by using four wooden stakes and
steel-galvanized hardware cloth with a zinc coating (Wire
Cloth Man, Mine Hill, NJ), where the zinc coating is used
to deter snail escape (Bertness 1984a). Clear plexiglass base
chambers (30 x 30 x 30 cm), as described by Lindau et al.
(1991), were installed to approximately 10 cm of depth at each
of six plots at each site at the end of May, 2013 and remained
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in place for the duration of the experiment. Fenced enclosures
were installed around the base chambers at all plots. After
installation of the enclosures, all snails and mussels were re-
moved from within the enclosures and base chambers, and
after 2 weeks, sediment samples were taken for pretreatment
analysis of sediment extracellular enzyme activity. Snails and
mussels were then collected from the area outside of the ex-
perimental plots; shell sizes were measured by using digital
calipers (Table 1), and the animals were added to the 0.25-m’
enclosures in a 3 x 2 factorial design, with three levels of snail
density (0, 20, 60) representing no snails, ambient snail den-
sity, and 3% ambient snail density and two levels of mussel
density (0, 3) representing no mussels and ambient mussel
density. Each site contained these six treatments without rep-
lication; therefore, the sites themselves were our replicates.
Mussels were collected by carefully cutting the bissal threads
attached to S. alterniflora roots rather than pulling the animal
loose in order to reduce the possibility of injury.

Extracellular Enzyme Assays and Methane Sampling

Samples for extracellular enzyme analysis were collected
in sterile 50-ml centrifuge tubes from a depth of 5-10 cm
once before manipulating the treatments (time 0) and then
once every 3 months thereafter for 1 year (3, 6, 9, and
12 months). Samples were placed on ice and refrigerated
upon return to the lab. Each sample consisted of a homog-
enous mixture of five random sampling points from

Table 1  Snail (Littoraria irrorata) (n = 20-80) and mussel (Geukensia
granosissima) (n = 3—6) shell sizes for density manipulation treatments at
three sites in a southeastern Louisiana salt marsh vegetated with Spartina
alterniflora

Site Snail-mussel density Snail shell size Mussle shell size

(m™) (mm) (mm)
1 0-12 0 88.13+2.2
80-0 23.11+0.22 0
80-12 23.18 £0.23 789 +28
240-0 23.33 £0.30 0
240-12 22.87£0.16 78.77+2.5
2 0-12 0 85.63+19
80-0 22.03+£0.17 0
80-12 22.03 £0.13 82.10+ 6.1
2400 2248 £0.16 0
240-12 22.36 £0.30 83.77+2.7
3 0-12 0 78.13+1.2
80-0 23.07 £0.25 0
80-12 22.40 £0.16 7693 +2.2
240-0 2298 +£0.21 0
240-12 23.20 +£0.24 79.03+£1.5

Values are means + SE

within each enclosure. The activity of six microbial extra-
cellular enzymes was assayed in each sediment sample.
Potential activities of (3-glucosidase (EC 3.2.1.21), phos-
phatase (EC 3.1.3.2), N-acetyl-f3-D-glucosaminidase
(NAG; EC 3.2.1.52), cellobiohydrolase (CBH; EC
3.2.1.91), phenol oxidase (EC 1.10.3.2), and peroxidase
(EC 1.11.1.7) were determined by using the protocols
demonstrated by Jackson et al. (2013) that have previous-
ly been used for wetland sediments (Jackson and Vallaire
2007; Jackson et al. 2009). These specific enzymes were
chosen in order to assess microbial community function in
terms of microbial acquisition of carbon ([3-glucosidase,
cellobiohydrolase), nitrogen (NAG), and phosphorus
(phosphatase) and the breakdown of large recalcitrant
molecules (phenol oxidase, and peroxidase). For each
sample, a 10 g subsample was homogenized in pH 5.5
50 mM acetate buffer, and 150 ul aliquots of the slurry
were used in individual reactions. Five millimolar 3,4-
dihydroxyl-L-phenylalanine (L-DOPA) was used as the
substrate for the phenol oxidase and peroxidase assays,
and peroxidase assays also received 0.015 % H,O,. Five
millimolar p-nitrophenyl (pNP)-linked substrates were
used for the -glucosidase and phosphatase assays, while
2 mM pNP-linked substrates were used to determine NAG
and CBH activity (Jackson et al. 2013). All substrates
were dissolved in pH 5.5 50 mM acetate buffer. Assay
incubation times were 0.5—1 h for phosphatase and (3-glu-
cosidase, 2 h for phenol oxidase and peroxidase, and 3 h
for NAG and CBH.

After incubation, assays were centrifuged (4000x g,
10 min) and 100 pl supernatant transferred to reading micro-
plates containing 200 pul 0.067 M NaOH (pNP-linked
substrates) or 200 pl H,O (L-DOPA substrates). Absorbance
was read at 410 nm for pNP-linked substrates and 460 nm for
L-DOPA substrates by using a Synergy HT microplate spec-
trophotometer (BioTek, Winooski, VT). Enzyme activity was
calculated after accounting for control absorbance and
expressed as umol substrate consumed h™' g dry weight of
sediment.

CH,4 emissions were measured monthly for 1 year be-
ginning in July, 2013 by using clear Plexiglas chambers
(30 x 30 x 30 cm) that were sampled following the com-
mon protocol of Lindau et al. (1991) for closed chamber
measurements. Each chamber top consisted of a sampling
port (rubber septum), battery operated 12 V fan, pressure
control tube, and a thermometer. The pressure control
consisted of 1 m of plastic tubing (1.5 mm [.D.) that
maintained equilibrium gas pressure between the outside
and inside of chambers. Prior to sampling, Vacutainers
were placed on a high-vacuum preparation line to remove
any residual gases and then re-sealed with silicone rubber.
For each headspace sample, 15 ml was removed from the
flux chambers with a syringe and injected into a 10-ml
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evacuated gas Vacutainer. Twelve samples were taken per
site (two from each of six plots), and a slight over pres-
sure of headspace gas was injected into each Vacutainer to
prevent atmospheric contamination (Lindau et al. 1991).
After collecting each sample, 100 % silicone rubber seal-
ant was spread over the puncture in the rubber septum.
All gas samples were analyzed on Shimadzu 14-A gas
chromatograph (Shimadzu Scientific Instruments, Inc.,
Columbia, MD) fitted with a flame ionization detector
within 24 h of collection, and 1 ml of sample was injected
for analysis.

At each plot during each sampling event, we measured
pH, water temperature, salinity, and conductivity by using
a YSI handheld probe (YSI Incorporated, Yellow Springs,
OH). Water depth within the base chamber was also mea-
sured, along with the height of the stacked chambers for
calculation of headspace volume. Air temperature was re-
corded periodically during sampling, and internal cham-
ber temperatures were monitored and recorded in order to
adjust for temperature in our CH, calculations (IAEA
1992). A subset of sediment taken from samples collected
for extracellular enzyme analysis was dried and
combusted (500 °C, 2 h) to determine organic content as
ash free dry weight (AFDW). At the end of the experi-
ment, aboveground biomass within each base chamber
was clipped, dried in an oven (80 °C, 4 days), and
weighed.

Statistical Analysis

All data analyses were performed in R version 3.0.1
(http://www.r-project.org). CH, emissions were square root
transformed in order to bring our observations as close to
normality as possible and then analyzed via a mixed effects
model by using package nlme. Due to the seasonal nature of
our CH, emission data and inherent autocorrelation, we used a
correlation structure consisting of a continuous auto regressive
model of order 1 (corCARI in the gls function of the nlme
package as described in Zuur et al. 2009). Therefore, our
mixed effects model tested the effects of snail and mussel
density treatments on CH, emission while taking into account
the known autocorrelation in CH,4 emission over time.
Sediment enzyme activity was analyzed for each enzyme to
test for differences in snail and mussel density treatments and
sampling month by using three-way ANOVA followed by a
Tukey’s honest significance test. Enzyme activities were ei-
ther square root or log transformed in order for data to meet
the assumptions of normality. We tested for correlations be-
tween individual enzymes, enzyme activities, and CH,4 emis-
sion and tested for relationships between CH, emission and
enzyme activities with our measured environmental variables
by using linear regression.
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Results
Environmental Variables

None of the measured environmental variables (Table 2) dif-
fered by density treatment over the course of the study. Since
environmental variables were not significantly different in
terms of treatments within individual sites, we also pooled
these variables together to examine differences between sites.
Sediment carbon content (C %) was both higher and more
variable at site 3 than at sites 1 and 2 (C % was 21.85 +0.9,
23.07+0.6,and 27.15 £ 1.1 for sites 1, 2, and 3, respectively).
Salinity levels over the course of the study ranged between 6
and 14.75 ppt (Table 2). Aboveground biomass for each plot
sampled at the end of the experiment ranged between 80.4 and
180.3 g DW (Table 2), and mean aboveground biomass for
sites 1, 2, and 3 were 127.28 + 10.5, 126.87 £ 12.9, and
130.40 = 13.4 g DW, respectively.

Extracellular Enzyme Activities

Extracellular enzyme activity ranged between 0.04 and
8.44 pmol h™' g DW™' with phosphatase exhibiting the
highest range in activity and phenol oxidase the lowest
(Fig. 1). Enzyme activities for CBH and NAG exhibited a
similar temporal pattern, where a spike in activity was ob-
served in the September, 2013 sample, which corresponded
to the first enzyme sampling after applying the snail and mus-
sel density treatments. Phosphatase activity showed a general
increasing trend from June, 2013 to January, 2014 for all treat-
ments, at which point activity leveled off and partially de-
clined, and phenol oxidase activity showed a general decrease
in activity level for all treatments over the course of the ex-
periment (Fig. 1). In terms of correlations, phosphatase activ-
ity was correlated to 3-glucosidase (» = 0.53), 3-glucosidase
was correlated to CBH and NAG (r = 0.52 and 0.54, respec-
tively), CBH correlated to NAG and phenol oxidase (» = 0.93
and 0.46, respectively), and NAG was correlated to phenol
oxidase (r = 0.43).

Of the six enzymes tested, 3-glucosidase was the only
enzyme to show differences based upon experimental treat-
ments where an interaction between snail and mussel density
significantly (p < 0.05) increased (3-glucosidase activity; how-
ever, this was only seen in our treatments consisting of ambi-
ent (control) animal densities. Since the other five enzymes
did not show differences based upon experimental treatments
within sites, we again looked at site differences. NAG and
phenol oxidase showed differences based upon site, with
NAG exhibiting higher activity at site 3 and phenol oxidase
a reduction in activity at site 3. Phosphatase, CBH, and per-
oxidase showed no differences based upon site.

Relating extracellular enzyme activities to our measured
environmental variables showed that 3-glucosidase,
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Table 2 Environmental

characteristics of three sites Site  Snail-mussel Salinity pH Water depth ~ Carbon % Aboveground
undergoing treatment density (m™?) (pptH) (cm) biomass (g DW)
combinations of snail (Littoraria
irrorata) and mussel (Geukensia 1 0-0 66012 687+0.1 722+31  2526+17 1253
granosissima) density in a 0-12 1381+13 7.02+01 66730 17.77+12 1335
southeastern Louisiana salt marsh 80-0 06413 69401 689+32  1955+06 1624
vegetated with Spartina
alterniflora 80-12 11.03+1.0 6.83+0.1 6.17+29 2757+ 1.4 98.3
240-0 118412 694+£0.1 756+34 17.81 £0.4 98.2
240-12 10.15£09 694+0.1 744+33 23.12+19 146
2 0-0 6.00+£1.8 680+0.1 622+3.1 2286+0.6 112.6
0-12 6.56+1.7 689+02 6.78+3.2 2346+ 1.0 89.3
80-0 1325+1.6 7.09+0.1 7.00+34 2081 +1.5 1293
80-12 13.00£1.7 698+02 633+3.1 2799+12 163.6
240-0 147514 7.01+£0.1 6.67+32 20.89+1.8 164.1
240-12 857+18 7.16+£0.1 686+4.0 2244+10 102.3
3 0-0 11.60+1.2 682+0.1 622+3.1 27.11 1.1  180.3
0-12 11.64+14 695+0.1 556+2.8 2466+2.6 129.3
80-0 1184+14 683+0.1 644+32 2623+22 146.6
80-12 1123+19 7.01+£0.1 5.67+2.8 26.74+24 119.2
240-0 11.18+1.5 694+0.1 6.11=+3.1 29.70 £ 4.6 80.4
240-12 1270+£1.0 698+0.1 6.11+3.0 2845+33 126.6

Values were measured monthly between July, 2013 and August, 2014 and are means + SE, except for above-
ground biomass which was measured at the end of the experiment (August, 2014)

phosphatase, CBH, and NAG all tended to have higher activ-
ity levels in treatments with higher C % (r = 0.78, 0.51, 0.47,
and 0.57, respectively), which also corresponded to treatments
that contained mussels. We also observed that CBH, NAG,
and phenol oxidase were influenced by salinity; however, the
relationship was weaker for phenol oxidase (» = 0.53, 0.64,
and 0.33, respectively).

Methane Emissions

CH, emissions ranged between 0 and 32.25 mg CHy m >h™!
with a mean annual emission rate of 4.53 = 0.41 mg
CH,4 m2h! (39.68 g CHy4 m yearfl) for all treatments
combined. The emission of CH, from our sites showed a
distinct seasonal pattern that followed our temperature mea-
surements (Fig. 2), where emission rates were highest between
July and October of 2013, at which point emission rates
dropped in November, 2013 (Fig. 2). CH4 emissions stayed
low throughout the winter months (November, 2013—March,
2014) at which point emission rates began to rise again until
the end of the experiment (August, 2014; Fig. 2). We did not
detect any correlations between CH,4 emission and our mea-
sured environmental variables, other than a weak negative
correlation between CH, emission and salinity (» = —0.36).
However, extracellular enzyme activity from four of the six
enzymes assayed was correlated to CH4 emission (r = —0.41,
0.60, 0.62, and 0.46 for phosphatase, CBH, NAG, and phenol
oxidase, respectively).

CH, emissions showed a significant response (p < 0.05) to
our mussel treatments, where CH,4 emissions were elevated
when mussels were present (Fig. 3). We did not, however,
see a significant effect due to snail density in our treatments.
The differences observed in CH, emission with respect to
mussel density were more pronounced in the summer and
spring months as opposed to the winter months when CH,4
emissions were relatively low (Fig. 3). On an annual basis,
CH, emissions from treatments with and without mussels
were 5.42 + 0.67 and 3.67 + 0.45 mg CH, m > h™' or 47.48
and 32.15 g CH, m 2 year ', respectively.

Discussion

In this study, data gathered on the effects of differing snail and
mussel densities on CH,4 emissions and extracellular enzyme
activities in a S. alterniflora salt marsh suggests that snail
density did not influence the emission of CHy; however, the
presence of mussels was related to an increase in CH, emis-
sion. [3-glucosidase exhibited a treatment effect where an in-
teraction between snail and mussel densities increased activi-
ty; however, this was only seen in our treatments consisting of
ambient (control) animal densities, and none of the five other
enzymes tested showed effects based upon density treatments.

The pattern of CH, emission observed in our study clearly
shows the effects of seasonality on marsh CH,4 gas production
and interestingly also shows that the high variability in
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Fig. 1 Potential extracellular enzyme activity (umol h™' ¢ DW ") for a
phosphatase, b 3-glucosidase, ¢ cellobiohydrolase (CBH), d N-acetyl-f3-
D-glucosaminidase (NAG), e peroxidase, and f phenol oxidase in
sediments taken from three sites in a southeastern Louisiana salt marsh
vegetated with Spartina alterniflora, in each of six snail (Littoraria
irrorata) and ribbed mussel (Geukensia granosissima) density
treatments. Samples were taken at 3-month intervals between June,

emissions from treatments that had the highest number of
snails and mussels at the beginning of our experiment
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2013 and August, 2014. Values are means + SE for each treatment with
sites averaged together. Open circles represent treatments with O snails
and 12 mussels m 2, open squares 240 snails and 12 mussels m 2, open
triangles 80 snails and 12 mussels m 2, black squares 240 snails and 0
mussels m 2, black triangles 80 snails and 0 mussels m 2, and black
circles 0 snails and 0 mussels m 2

completely disappears with the arrival of winter, indicating
changes in CHy production and/or consumption, as well as
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Fig. 2 Methane emission (mg
CH, m 2 h™") from three sites in a
southeastern Louisiana salt marsh
vegetated with Spartina
alterniflora in each of six snail
(Littoraria irrorata) and ribbed
mussel (Geukensia granosissima)
density treatments. Measurements
were taken monthly from July,
2013 to August, 2014. Open
circles represent treatments with 0
snails and 12 mussels m 2, open
squares 240 snails and 12
mussels m 2, open triangles 80
snails and 12 mussels m 2, black
squares 240 snails and 0

mussels m ™2, black triangles 80
snails and 0 mussels m 2, and
black circles 0 snails and 0
mussels m 2. Values are

means + SE
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possible changes in the activities of the mussels used in this
study. One probable explanation for this temporary response
in CH4 emission that we observed is that our treatment
consisting of the highest snail and mussel densities created
an initial temporary shock to the system, where two organisms
known to influence S. alterniflora production (Bertness
1984b; Silliman and Zieman 2001) are introduced at high
densities and thereby affect CH, emissions through the inter-
mediary of the plant. However, even as CH,4 emissions were

Fig. 3 Least-squared means of
methane emission (mg

CH, m 2 h™!) from a mixed
effects model from three sites in a
southeastern Louisiana salt marsh
vegetated with Spartina
alterniflora for each of two
mussel density treatments. Open
circles represent 0 mussels m 2,
and black triangles are 12
mussels m 2. Values are

means + SE
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I
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not related to snail density, we did see a consistent significant
trend with respect to elevated CH,4 emissions related to mussel
density, a trend that continued even after the winter drop in
CH, emission rates.

The method by which G. granosissima influenced CHy
emissions in this study are unknown and to our knowledge
has not been investigated previously. It is likely that changes
in CH,4 emissions in our treatments with mussels are due to
biogeochemical changes induced by the mussels
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belowground. Geukensia dimissa (the Atlantic ribbed mussel)
is known to increase S. alterniflora production in Atlantic salt
marshes (Bertness 1984b), as well as altering soil nutrient
levels via filter feeding and biodeposition (Jordan and
Valiela 1982; Bertness 1984b). It is possible that as plant pro-
duction increases, CH4 emissions could be affected by in-
creased plant transport to the atmosphere; however, we did
not detect any changes in aboveground plant biomass due to
our treatments and cannot say that plant production, as influ-
enced by mussel density, had any affect on our measured CH4
emissions. Another possible explanation is that temperature
increases due to the closed chamber method of measuring
gases in wetlands had an effect on mussel activity.

Ribbed mussels filter a large portion of water volume in an
inundated salt marsh, and the result of this feeding behavior is
that particulate organic matter and waste products from the
organisms that are high in N and P are consolidated and de-
posited in the marsh sediment (Jordan and Valiela 1982).
While these belowground changes in nutrient concentration
could potentially alter CH, emissions, it is likely that we
would have observed a corresponding change in extracellular
enzyme activities related to mussel-induced nutrient loading.
Since no treatment effect was observed for any of the N and P
active extracellular enzymes we tested, we cannot conclude
that nutrient changes due to mussels are implicated in the
observed changes in CH, emission. The effects of nutrient
addition on CH, dynamics under field conditions are not clear,
and experimental effects tend to vary with the type, quantity,
and method of nutrient application. CH, oxidation has been
shown to be inhibited by nitrogen fertilizers (Crill et al. 1994;
Alam and Jia 2012), and urea fertilization has been shown to
enhance CH,4 production (Wang et al. 1992), which are possi-
ble mechanisms by which the mussels in our treatments could
have affected CH,4 production or consumption.

One possible explanation for our observation of increased
CH,4 emission rates in the presence of mussels is that
biodeposition of feces and pseudofeces from
G. granosissima into the sediment could potentially create
microzones or small localized areas that differ in biogeochem-
istry from the surrounding regions (King and Wiebe 1980)
that may have been missed in our enzyme sampling. These
microsites of nutrient-rich biodeposition could lead to rapid
localized microbial growth, thereby depleting O, concentra-
tions in the immediate vicinity. This O, depletion surrounding
mussel biodeposits could lead to increased CH, emissions
simply by creating a more hospitable anaerobic environment
for methanogens in the rhizosphere. However, in a sulfate-rich
salt marsh, the increased anoxia would likely lead to increased
rates of sulfate reduction, thereby depleting the microzone of
available sulfate first (King and Wiebe 1980), at which point a
switch to methanogenesis becomes favorable. Even as sulfate
reduction is known to preclude methanogenesis in marshes
with ample sulfate, it has also been shown that these processes
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can occur simultaneously (Oremland et al. 1982; Purvaja and
Ramesh 2001). Relatedly, there could also be an indirect effect
of mussels on the production of CH, through known alter-
ations in sulfate and sulfide (Dahlback and Gunnarsson
1981; Kraus and Doeller 2004).

Extracellular enzyme activities observed in this study were
within the range of activity observed in other salt marsh en-
zyme studies (Ravit et al. 2003; Rietl et al. 2016), and activity
levels varied over the course of the year, revealing patterns
that are useful in interpreting the seasonal fluxes of nutrients at
our study sites. Phosphatase activity has been shown to de-
crease in response to phosphate additions (Allison and
Vitousek 2005), indicating that possibly for our sites, phos-
phorus was readily available in the warmer months but then
quickly began to deplete in winter; however, many other fac-
tors could also influence phosphatase activity. This could be a
tidal response, as water levels at our sites were much lower for
the winter months than for spring and summer, indicating that
rising tides bring in the majority of available phosphorus to
our sites. We also observed a late summer to autumn spike in
CBH and NAG activity, which preceded the rapid increase in
phosphatase activity in January, 2014; however, due to the 3-
month interval between sampling for enzyme activities, we
cannot conclude that these patterns in activity are related.

CH4 emissions from salt marsh ecosystems are often
thought to be of negligible importance in terms of global an-
nual CH,4 estimates; however, the high degree of variability in
emission rates and the potential for interactions that increase
the emission of CH, from a salt marsh warrant further
investigations into salt marsh CH4 dynamics. Sasser et al.
(2014) have estimated that saltwater marsh occupies a land
area of approximately 2954 km” in coastal Louisiana. Using
this estimate and our mean rate of CH4 emission, we find that
without mussels present in the sediment, these marshes will
emit approximately 0.10 Tg CH, year ', and with mussels
present at the ambient density we observed, that number in-
creases 33.3 % to 0.14 Tg CH, year '. Along the the Atlantic
coast, G. demissa densities have been found at >2000 individ-
uals m > (Chintala et al. 2006), highlighting the importance of
further research into salt marsh CH4 dynamics and the role
that benthic macrofauna may play across differing systems
and regions.
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